INTRODUCTION {#sec1}
============

Filamentous Deltaproteobacteria of the Desulfobulbaceae family---so-called cable bacteria ([@B1])---mediate an electron current that links spatially separated cathodic and anodic redox reactions in marine sediments ([@B2]). This process, which invokes electron transfer across centimeter distances, was first discovered in laboratory experiments with marine sediment ([@B3]). In these experiments, long-distance electron transfer was demonstrated from (i) an otherwise unexplainable formation of a sulfide- and oxygen-free zone, (ii) the presence of a distinct pH signature consistent with proton consumption by cathodic oxygen reduction (i.e., O~2~ + 4H^+^ + 4e^−^ → 2H~2~O) and proton production by anodic sulfide oxidation (i.e., H~2~S + 4H~2~O → SO~4~^2−^ + 10H^+^ + 8e^−^), and (iii) rapid interaction between spatially separated H~2~S oxidation and O~2~ reduction ([@B3]). Subsequent studies demonstrated that an electric field, manifested as an electric potential gradient is associated with the microbially mediated long-distance electron transport between the anodic and cathodic reactions ([@B4][@B5][@B6]), as predicted by geobattery and biogeobattery theories ([@B7], [@B8]). The electric field drives an ionic current in the pore water of the same magnitude but opposite in direction to the electron current in the cable bacteria, thus closing the electric circuit. On the basis of the initial ([@B3]) and subsequent studies, it has been found that the major anodic process in marine sediments is the oxidation of sulfides ([@B1], [@B6], [@B9], [@B10]), whereas the cathodic process might be the reduction of either oxygen ([@B2], [@B5], [@B9], [@B11]) or nitrate ([@B5], [@B12]). The overall electrically coupled process has been termed electrogenic sulfur oxidation (e-SOx) ([@B9]).

At present, cable bacterial filaments, 16S rRNA gene sequences similar to cable bacterial sequences, and/or geochemical hallmarks of e-SOx have been found in a variety of marine environments. These include sulfide-rich coastal sediments ([@B1], [@B2], [@B9], [@B12]) and salt marsh sediments ([@B9], [@B13]), as well as seasonally hypoxic basins, subtidal coastal mud plains, hydrothermal vent areas, cold seep flats, and mangrove sediments ([@B9]). The common traits of these environments are high rates of sulfide generation and limited bioturbation ([@B9]) in combination with fairly high porewater conductivity (salinities \> 20‰).

Thus far, cable bacteria have not been reported from outside the marine environment, but e-SOx has previously been suggested as a mechanism that contributes to the rapid recycling of sulfate often observed in freshwater sediments ([@B14]), while patterns of P-mobilization and pH distribution in sulfide-rich sediments from a volcanic freshwater lake have been suggested to indicate the presence of the process ([@B15]). The presence of electric fields around contaminated groundwater plumes has also been ascribed to processes involving microbial long-distance electron transport ([@B7], [@B16]), although the underlying biogeochemical processes, the microorganisms, rates, and spatial scales have not been investigated.

In the present study, we directly tested for the presence of cable bacteria and electrogenic oxidation processes involving microbially mediated long-distance electron transport in freshwater sediments. We applied microscale measurements of electric fields, oxygen, pH, and sulfide to demonstrate electrogenic activity in laboratory incubations of homogenized freshwater sediments. In addition, we measured the same parameters directly in the field to demonstrate the presence of microbial electrogenic activity *in situ*. Although this approach allows for the detection of general electrogenic oxidation activity, it does not allow for specification of the anodic reaction involved. To which extent this includes sulfide oxidation will be discussed. Fluorescence *in situ* hybridization (FISH), scanning electron microscopy (SEM), and 16S rRNA gene sequencing of single filaments were used to determine the abundance, morphology, and identity of freshwater cable bacteria.

MATERIALS AND METHODS {#sec2}
=====================

Laboratory experiments. (i) Sediment sampling and incubation. {#sec2-1}
-------------------------------------------------------------

Surface sediments were collected from the banks of Giber Å (56°3′53.87″N, 10°10′20.27″E), a lowland, hard-water stream in Eastern Jutland, Denmark. The sampling site was located 40 m above sea level and ∼5 km from the sea. Sampling was performed in August 2013 and April 2014.

Upon return to the laboratory, the sediment was sieved through a 5-mm-pore-size sieve, homogenized under an N~2~ atmosphere, and transferred to a glass tube (inner diameter, 45 mm; height, 68 mm). The sediment core was then transferred to a mini-aquarium (volume, 0.36 liter) which was inserted into a 60-liter Styrofoam-insulated temperature-controlled (15.9°C) tank with unfiltered tap water. The water in the tank was gently purged with atmospheric air from an air pump and circulated within the tank via a submersed water pump. The tap water and stream water had comparable chemistry as the stream water was mainly tertiary treated domestic wastewater and groundwater from the same sources as the tap water (for tap water, 4.4 mM \[HCO~3~^−^\], 0.8 mM \[SO~4~^2−^\], and a conductivity of 0.1 S m^−1^; for stream water, 4.8 mM \[HCO~3~^−^\], 0.3 mM \[SO~4~^2−^\], and a conductivity of 0.1 S m^−1^).

(ii) Microsensor measurements. {#sec2-2}
------------------------------

Electric fields in the pore water were determined from depth profiles of electric potentials (EP) measured 2 days and 14 days after the transfer with an in-house made electric potential microelectrode (EPM) ([@B4]). The depth profiles of pH, O~2~ and H~2~S were obtained in parallel to the EP measurements, using in-house made microsensors for pH, O~2~, and H~2~S ([@B17][@B18][@B19]). A general-purpose reference electrode (REF201 Red Rod electrode; Radiometer Analytical, Denmark) was used as reference during the pH and EP measurements. To minimize turbulence-induced variations in tip potentials in the reference electrode, a short silicon tube closed with a paper stopper was filled with tank water and mounted on the tip of the reference electrode before it was placed in the tank. The EPM and the reference electrode were connected to a custom-made millivoltmeter with a resistance of \>10^14^ Ω (Aarhus University, Denmark). The signal was digitized for PC-processing using a 16-bit A/D converter (ADC-216; Unisense A/S, Denmark). Microsensors for oxygen, H~2~S, and pH were connected to a four-channel Microsensor Multimeter (Unisense). For stepwise movement of the sensors, they were fixed in a two-dimensional microprofiling system (Unisense). The software SensorTrace PRO (Unisense) was used to control the movement of the microsensors and for logging sensor signals. Two calibration points were used for calibration of the O~2~ sensor: air-saturated tank water (100% air saturation) and the anoxic zone in the sediment (0% saturation). The H~2~S sensor was calibrated in a darkened calibration chamber containing O~2~-free HCl. A three-point calibration curve in the range 0 to 20 μM H~2~S was made by adding fixed amounts of dissolved Na~2~S from a ca. 10 mM stock solution. Sulfide concentrations in the calibration media were determined on Zn-acetate fixed subsamples by using the method of Cline ([@B20]). Total sulfide concentrations (ΣH~2~S = \[H~2~S\] + \[HS^−^\] + \[S^2−^\]) in the sediment were calculated from the pH and the H~2~S concentration, measured at the same depth, as described previously ([@B17]). The pH sensor was calibrated in AVS TITRINORM buffers (VWR Chemicals, Denmark) having pH values of 4.0, 7.0, 8.0, and 9.0, traceable to standard reference material from NIST (<http://www.nist.gov>). Since the pH sensor is a potentiometric electrode, it will capture also the EP present in the sediment, which may induce errors in the estimates of sediment pH. To correct for such an artifact, the EP profile was subtracted from the raw signal obtained with the pH sensor during profiling, and the residual values were used to calculate the pH at any depth from the calibration data obtained as described above.

(iii) Oxygen experiment. {#sec2-3}
------------------------

The dependence of electric fields on O~2~ and hence their link to cathodic O~2~ reduction ([@B5]) was tested by examining the influence of O~2~ availability on the distribution of the electric potential in the core after 2 weeks of incubation. The mini aquarium with the core was covered with Parafilm (Sigma-Aldrich, USA) and raised so that the rim was positioned ∼2 cm above water level in the tank. The EPM, the reference electrode, the O~2~ sensor, and the gas exchange tubes were inserted through holes in the film. The reference electrode was furnished with a water-filled tube as described above. The O~2~ concentration in the overlying water was monitored continuously with the O~2~ sensor and controlled by flushing the overlying water and headspace with ambient air or a N~2~/CO~2~ mixture (400 ppm CO~2~). Depth profiles of the electric potential in the sediment were measured in the presence or absence of oxygen in the overlying water.

(iv) Cut experiment. {#sec2-4}
--------------------

The presence of electron transport through a contiguous electron conductor (i.e., bacterial filaments) was tested through a cut experiment ([@B2]) that investigated EP distributions before and after a sediment cut was performed. The cut experiment was performed on the core after 2 weeks using a platinum wire (diameter, 125 μm) mounted on a turnable, two-branched fork (width, 44 mm) that was fixed in a micromanipulator. By inserting and rotating the fork manually, the sediment could be cut through horizontally without any visual disturbance of the upper part of the core. Three EP profiles were measured before and after the sediment core was cut 3 mm below the sediment surface.

(v) FISH sampling. {#sec2-5}
------------------

Samples for FISH-based identification of cable bacteria were collected with a cutoff syringe that was pushed 1 cm into the sediment. The samples were fixed in ethanol (final concentration, 50% \[vol/vol\]) and stored at −20°C until analysis.

*In situ* measurements and sampling. {#sec2-6}
------------------------------------

*In situ* measurements of EP, O~2~, and pH were performed in October 2013 in the air-exposed waterlogged sediment 1 to 2 cm above the waterline of the Giber Å stream within a few meters from the sediment sampling location used for the laboratory experiments ([Fig. 1a](#F1){ref-type="fig"}). A preliminary survey had indicated the presence of cable bacterial filaments here as macroscopic aggregations of particles trapped by invisible threads formed when the sediment was gently swirled around with water in a tray ([Fig. 1b](#F1){ref-type="fig"} and [c](#F1){ref-type="fig"}). Microsensors and setup were as described for the laboratory measurements, except that the stand for the micromanipulator was placed directly on the bank and the reference electrode was placed in the adjacent stream.

![Profiling with electric potential (EP) microsensor *in situ* and extraction of cable bacteria. (a) EP profiling in undisturbed sediment near the water edge in Giber Å. (b) After gentle washing in a tray, the sediment separates out into sand and centimeter-long rolls of litter fragments tied together by cable bacteria. (c) Tuft of cable bacteria after washing and removal of coarse litter (dark-field microscopy, ×100 magnification). (d) EP profiling after a horizontal cut ca. 3 mm below an area of 15 by 15 mm.](zam9991165350001){#F1}

An *in situ* cut experiment was performed 1 day after the EP, O~2~, and pH profiling session. A set of EP profiles was measured in the sediment within a 15-by-15-mm area as described above, and then a thin nylon string that was mounted on a two-prong plastic fork was dragged horizontally ∼3 mm below the surface through the sediment area, without any visual disturbances of the surface ([Fig. 1d](#F1){ref-type="fig"}). EP profiling was repeated within the cut area less than 5 min after the cut.

Samples for porosity determinations (*n* = 2) were collected in cutoff syringes near the spots where microprofiling had been performed. Porosity was determined gravimetrically in the lab. The conductivity of the sediment was determined from the conductivity of the Giber Å water and the porosity by using the formulas of Ullman and Aller ([@B21]) for muddy sediments. The conductivity of the Giber Å water was determined with a hand-held conductivity meter (SevenGo; Mettler Toledo, Denmark). The samples for identification and quantification of cable bacteria were collected in triplicate in plastic straws (inner diameter, 5 mm) at the spots where microprofiling had been performed.

Cable bacterium enumeration, identification, and SEM. {#sec2-7}
-----------------------------------------------------

Immediately upon return to the laboratory, the plastic straws were sliced in 6-mm sections down to 18 mm. From each section, the filaments were gently separated out from coarse sediment particles as a tuft and split with one half or quarter going to immediate enumeration and the rest being preserved with ethanol.

The subsamples for filament length density determination were spread in a drop of water on microscope slides and sealed with a coverslip ensuring that all filaments were within the area of the coverslip. By dark-field and phase-contrast light microscopy the number of intercepts with filaments along randomized search lines was counted. From that and knowing the length of search lines, the area of the coverslip, and the volume of the sediment slices, the meters of filament per cubic centimeter of sediment were calculated as described before for roots ([@B22]) and Desulfobulbaceae and Thioploca filaments ([@B2], [@B23]). A few filaments of Beggiatoa sp., easily recognized by their sulfur inclusions, were encountered and excluded from the enumeration. The identity of the cable bacteria was confirmed by FISH on ethanol-preserved subsamples.

Samples for FISH from the lab incubations and the field were diluted 1:5 in phosphate-buffered saline, and 10 μl of this mixture was filtered onto polycarbonate membrane filters (type GTTP; pore size, 0.2 μm; Millipore). FISH and DAPI (4′,6′-diamidino-2-phenylindole) staining were performed on the filter according to previously published protocols ([@B24]) using probe DSB706 specific for the Desulfobulbaceae family ([@B25]), together with probe EUB-I-III ([@B26]) targeting almost all bacteria.

For SEM analysis tufts of filaments where transferred from the ethanol preserved sampled to silicon wafers, washed, and air dried. Essentially as described before ([@B2]), SEM of the filaments was obtained by using a NanoSEM scanning electron microscope (Nova 600 NanoSEM; FEI) operated in low-vacuum (60 Pa) and 5-kV mode.

For phylogenetic identification, single filaments were picked from sediment subsamples with glass hooks under the microscope as described previously ([@B1], [@B2]). The filaments were rinsed by three consecutive washes in a drop of sterile artificial seawater (salinity, 25‰, pH 8; Reef Crystal) and subsequently lysed by ultrasonic bead beating (glass bead diameter, 0.1 mm) with a Sonoplus HD2070 ultrasonic homogenizer for 3 min at a power of approximately 21 W. The extracted DNA was amplified by using a GenomePlex whole-genome amplification kit (Sigma-Aldrich). Whole-genome sequencing was performed on an Ion Torrent PGM (Life Technologies, USA) using 316v2 chips and 400-bp chemistry according to the manufacturer\'s protocols. Raw sequencing reads were quality trimmed using the prinseq-lite.pl script ([@B27]) with the parameters listed in Table S1 in the supplemental material. GenomePlex adapters were clipped, and reads shorter than 150 bp were removed by using Seqclean (<https://sourceforge.net/projects/seqclean/>). The trimmed and clipped reads were assembled using gsAssembler version 2.6 (Roche 454 Life Sciences, Branford, CT) with 10 different configurations: minimum overlap settings of 50 or 100 bp, respectively, and minimum similarity values of 96 to 100% with 1% steps. In parallel, reads were assembled using SPAdes version 3.1.1 ([@B28]). Sequences featuring a sequence identity of at least 85% compared to the 16S rRNA sequence of Desulfobulbus propionicus DSM 2032 (GenBank accession number [CP002364](CP002364); locus tag, Despr_R0039) were extracted from the assemblies using BLASTn ([@B29]) and a custom Perl script. Extracted sequences were aligned using the SINA online tool ([@B30]) and inspected for different ribotypes using ARB ([@B31]). All ribotypes were manually checked for chimeras using BLASTn and the GenBank 16S rRNA database (version 28 May 2015) ([@B32]). The longest representatives of each ribotype represented full-length 16S rRNA gene sequences and were used for subsequent phylogenetic analysis. The full-length 16S rRNA gene sequences were aligned using the SINA online tool and added to the Silva Release 115 SSU Ref database ([@B33]) using ARB. A phylogenetic tree was calculated based on nearly full-length sequences and marine cable bacterial reference sequences with more than 500 nucleotides, using the maximum-likelihood method (RAxML) implemented in ARB with a GTR+G substitution model, a position variability filter for Bacteria, and rapid bootstrap analysis (1,000 iterations). Pairwise sequence similarities were also calculated in ARB.

For characterizing the diversity of Desulfobulbaceae contained in the single filament data sets, trimmed Ion Torrent reads were mapped against the SILVA nonredundant 16S rRNA reference database, Release 119 using BBmap 34.94 (<http://sourceforge.net/projects/bbmap/>). All reads showing a sequence identity of at least 90% to a reference sequence were extracted. The extracted reads were taxonomically classified using the SILVAngs server ([@B33]). Reads classified as Desulfobulbaceae were extracted and mapped onto the retrieved Desulfobulbaceae full-length 16S rRNA gene sequences (see above) using gsMapper version 2.6 (Roche).

GenBank accession numbers. {#sec2-8}
--------------------------

Sequences obtained in the present study were deposited at GenBank under accession numbers [KP728462](KP728462) to [KP728465](KP728465).

RESULTS {#sec3}
=======

Laboratory investigations. {#sec3-1}
--------------------------

At the first microsensor profiling session 2 days after the initiation of the April 2014 incubations, sulfide was present throughout the anoxic sediment column at ΣH~2~S concentrations between 0.5 and 2 μM ([Fig. 2a](#F2){ref-type="fig"}). pH dropped steadily with depth, most steeply in the ∼1-mm-wide oxic zone, as expected when oxygen is consumed by noncathodic oxidation processes, such as metal oxidation, nitrification, or organotrophic microbial respiration. An electric field was present, as seen from the increase in electric potential by 6 mV with depth. As judged from the voltage gradient, the magnitude of the field was 0.31 V m^−1^ in the upmost part of the anoxic zone.

![Oxygen (red), sulfide (black), pH (blue), and electric potential (yellow) profiles measured in laboratory incubated sediment 2 days (a) and 14 days (b) after transfer of homogenized sediment to glass core tubes. Error bars represent standard errors of the mean. The number of replicate profiles was three.](zam9991165350002){#F2}

After 2 weeks of incubation, sulfide was no longer detectable in the top 5 to 6 mm of the anoxic zone, while ΣH~2~S concentrations below reached ∼5 μM ([Fig. 2b](#F2){ref-type="fig"}). A pH peak was present in the ∼1-mm-deep oxic zone, and a pH minimum was detected in the anoxic zone near the sulfide front, indicating cathodic and anodic half-reactions, respectively. In accordance with these results, a substantial electric field had developed with a voltage range of 32 mV and a maximum strength of 3.6 V m^−1^ in the upper 7 mm of the core. We note here that the voltage range of the field corresponded to more than a half pH unit (the pH sensor used had a response of 54 mV per pH unit), and ignoring the interference of the electric field on the potentiometric pH sensor would have led to significant underestimation of the pH in the anoxic sediment layers and consequently to an underestimation of the concentration of ΣH~2~S.

Removing oxygen from the water column led to an instant and reversible collapse of the electric field ([Fig. 3a](#F3){ref-type="fig"}). The residual voltage gradient at anoxia was similar in magnitude to the voltage gradient observed in the initial phase of the experiment ([Fig. 2a](#F2){ref-type="fig"}). Passing a thin wire horizontally through the sediment 3 mm below the sediment surface also led to a collapse of the electric field ([Fig. 3b](#F3){ref-type="fig"}). The remaining EP gradient was similar in magnitude to the voltage gradient observed in the initial phase of the experiment and remained stable for at least 40 min after the cut. All of these trends were observed also in the August 2013 incubations. FISH analysis demonstrated the presence of filamentous Desulfobulbaceae in both cases (data not shown).

![Laboratory oxygen and cut experiments**.** (a) Oxygen experiment. EP profiles measured in the presence of an oxygenated water column (yellow) and EP profiles measured in the presence of an oxygen-free water column (black) are shown. EP profiles measured again 3 min after air saturation of the overlying was reestablished (white). (b) Cut experiment. The EP profile measured before the cut was performed (yellow) and the EP profile measured after passing a 125-μm-thick platinum wire horizontally through the sediment 3 mm below the sediment surface (black). The dashed line illustrates the vertical position of the cut. Error bars represent the standard errors of the mean. The number of replicate profiles at each treatment was three.](zam9991165350003){#F3}

Field studies. {#sec3-2}
--------------

*In situ* measurements of pH and oxygen at the air-exposed banks of Giber Å revealed the presence of a distinct pH peak in the 2-mm-wide oxic zone, ∼0.15 mm below the sediment surface ([Fig. 4a](#F4){ref-type="fig"}). The oxygen profile indicated exclusively the consumption of oxygen and thus the absence of microphytobenthic net photosynthesis, which otherwise could have generated a pH peak in the oxic zone due to CO~2~ fixation. Measurements of the EP distribution in the sediments showed that electric fields were present, since the electric potential increased from 1 mm below the sediment to deeper strata ([Fig. 4a](#F4){ref-type="fig"}). The magnitude of the field was 0.75 ± 0.06 V m^−1^, or 20% of the maximum field strength observed in laboratory-incubated sediment. As in the laboratory, dragging a thin string horizontally through the sediment ca. 3 mm below the surface led to an almost 100% collapse of the electric field ([Fig. 4b](#F4){ref-type="fig"}).

![Depth distribution of EP, oxygen, and pH at the exposed bank of Giber Å. (a) *In situ* profiles of EP (yellow), oxygen (red), and pH (blue). (b) *In situ* cut experiment. EP profiles measured before the cut was performed (green), EP profiles measured after dragging a nylon string horizontally through the sediment 3 mm below the sediment surface (black). The dashed line illustrates the vertical position of the cut. Error bars represent standard errors of the mean for three replicate profiles.](zam9991165350004){#F4}

Filamentous bacteria in Giber Å sediments. {#sec3-3}
------------------------------------------

Bacterial filaments were present at the field site down to at least 18 mm below the sediment surface ([Fig. 5a](#F5){ref-type="fig"}), with maximum densities in the upper 6 mm. The depth-integrated abundance was highly variable within the area sampled: the central mean was 40.3 m cm^−2^ and the standard error was 23.6 m cm^−2^ for three replicate samples. FISH analysis of subsamples from each depth interval showed that all EUB-positive filaments had also hybridized with the DSB706 probe, meaning that all confirmed bacterial filaments belonged to the Desulfobulbaceae family. Approximately 30% of the filaments in the samples hybridized neither with the EUB-I-III probe nor with the DSB706 probe, probably because their ribosome content was too low to be detected by ordinary FISH. Either these filaments were already inactive or dead when sampled from the field site, or their ribosomes were degraded during storage. Their identity remains unknown, and in theory they could even represent filamentous Archaea. Due to these uncertainties the filament abundances obtained from light microscopy should be considered maximum estimates of viable Desulfobulbaceae filaments. The diameter of the filaments was 0.8 to 1.7 μm (mean 1.5 μm), while the length of single cells within filaments ranged between 2.7 and 5 μm (mean, 3.7 μm), according to measurements performed on FISH-positive filaments and filaments inspected by light microscopy. Ridges along the entire length of the bacterial filaments were observed with SEM ([Fig. 5c](#F5){ref-type="fig"}) and between filaments the number of ridges varied from fewer than 28 to more than 34.

![Cable bacteria in Giber Å sediment. (a) Depth profile of Desulfobulbaceae filaments abundance at the exposed bank of Giber Å. (b) Filamentous Desulfobulbaceae in Giber Å sediment identified by FISH targeting 16S rRNA. The filaments appear yellow/orange from overlay with the DSB706 probe (red) and the EUB-I-III probe (green) and DAPI. A filament that did not hybridize with the DSB706 probe or the EUB-I-III probe was visualized with DAPI stain (blue). Scale bar, 10 μm. (c) Scanning electron micrograph of Desulfobulbaceae filaments from Giber Å sediment. The inset shows the joint between two neighboring cells. Scale bar, 2 μm.](zam9991165350005){#F5}

From four of the five single filaments collected, genomic DNA could be amplified, sequenced, and full-length 16S rRNA genes assembled. All four single filament data sets were strongly enriched for DNA sequences of Desulfobulbaceae (see Table S2 in the supplemental material). Only a single Desulfobulbaceae ribotype was retrieved from each of the four single filament assembly data sets. Read mapping further supported the presence of only a single Desulfobulbaceae ribotype in these data sets (see Table S2 in the supplemental material). The four freshwater cable 16S rRNA gene sequences clustered into clearly distinct groups. Two of the sequences were 100% identical and distinct (98% identity) from the other two sequences, which were 99.7% identical. Phylogenetic analysis placed the freshwater filaments as a sister group to the known marine cable bacteria, so that all cable bacteria form a monophyletic lineage, with the genus Desulfobulbus as the closest relatives ([Fig. 6](#F6){ref-type="fig"}). Sequence similarities between freshwater and marine cable bacteria were 91.7 to 92.5% (based on a comparison of 533 positions, since there are no full-length sequences available for the marine group). Sequence similarities to the genus Desulfobulbus were 87.7 to 92.0% (based on comparison of 1,440 positions).

![Phylogenetic affiliation of freshwater cable bacteria based on 16S rRNA gene sequences. Maximum-likelihood tree with 1,000 bootstraps. Filled and open circles indicate bootstrap support of ≥90 and ≥50%, respectively. The tree is rooted (arrow) to Desulfovibrio desulfuricans (GenBank accession no. [AF192153](AF192153)). The bar represents 10% estimated sequence divergence. Sequences obtained from single filaments are displayed in boldface. GenBank accession numbers are given in parentheses.](zam9991165350006){#F6}

DISCUSSION {#sec4}
==========

Cable bacteria and electrogenic oxidation in freshwater sediment. {#sec4-1}
-----------------------------------------------------------------

The results of our study demonstrate that cable bacteria and electrogenic processes are present in natural freshwater sediment environments. The Desulfobulbaceae filaments found in sediment from Giber Å are closely affiliated and monophyletic with the marine cable bacteria ([Fig. 6](#F6){ref-type="fig"}) and also, morphologically, the freshwater filaments show similarities to their marine counterpart, most notably a ring of ridges that runs along the length of the filament ([Fig. 5c](#F5){ref-type="fig"}) ([@B2], [@B9]). Since the ridges of the marine cable bacteria show enhanced charge mobility and consist of fibers inside a continuous periplasmic space ([@B2]), they have been proposed to function as wires, enabling electron transport along the length of the bacterial filament and thereby facilitating the electrogenic oxidation process ([@B2], [@B10]). This hypothesis is further strengthened by the presence of similar ridges in freshwater stains. The phylogeny of the cable bacteria suggests that this mode of life has evolved once within the Desulfobulbaceae; subsequently, the cable bacteria diversified into a freshwater and a marine group. Based on 16S rRNA sequence identities of ca. 92%, the freshwater and the marine cable bacterial lineages are distinct genera ([@B34]) and are clearly distinct from the closest cultured genus, Desulfobulbus.

Signatures of electrogenic oxidation processes were found in both laboratory-incubated sediment and *in situ* at the exposed water-saturated banks of Giber Å. The pH peak observed in the oxic zone of laboratory incubated sediment ([Fig. 2b](#F2){ref-type="fig"}) and *in situ* ([Fig. 4a](#F4){ref-type="fig"}) in the absence of net photosynthesis is indicative for proton consumption by cathodic oxygen reduction ([@B3]), while the electric fields seen in both the laboratory cores and *in situ* ([Fig. 2b](#F2){ref-type="fig"} and [4a](#F4){ref-type="fig"}) suggest electron transfer between vertically separated anodic and cathodic half-reactions ([@B5][@B6][@B7]). That the electric field was primarily associated with electrogenic processes driven by cathodic oxygen consumption via a contiguous electron conductor was confirmed by two lines of evidence: more than 90% of the electric field disappeared when (i) oxygen was removed in the laboratory incubated sediment ([Fig. 3a](#F3){ref-type="fig"}) and (ii) when the sediment was cut below the oxic zone *in situ* and in the laboratory ([Fig. 3b](#F3){ref-type="fig"} and [4b](#F4){ref-type="fig"}). The small residual electric fields observed were possibly contributed by diffusion potentials or streaming potentials ([@B35], [@B36]).

Activity and niche of freshwater cable bacteria. {#sec4-2}
------------------------------------------------

The density of the cable bacteria and the electrogenic oxidation activity at the Giber Å site were very similar to the findings reported from natural marine sediments: Malkin et al. ([@B9]) reported cable bacterial length densities of 82 to 122 m cm^−3^ in coastal marine sediments at the North Sea, which is only 2 to 3 times greater than the ∼40 m cm^−3^ observed at the Giber Å site ([Fig. 5a](#F5){ref-type="fig"}). The electron current density at the anoxic-oxic interface, a measure of electrogenic oxidation ([@B3], [@B5]), at the Giber Å site was 14.4 ± 2 mA m^−2^ when estimated as described previously ([@B4], [@B5]) from the electric fields ([Fig. 4a](#F4){ref-type="fig"}) and the conductivity of the sediment (0.02 S m^−1^, as estimated from the sediment porosity \[0.6\] and the conductivity of the Giber Å water \[0.1 S m^−1^\] according to Ullman and Aller \[[@B21]\]). This lies well within the 5- to 30-mA m^−2^ range reported from the North Sea sites ([@B9]). Assuming a vertical orientation of the filaments and no curls, the filament length density at the Giber Å site corresponds to a maximum abundance of 4 × 10^7^ filaments m^−2^ in the upper part of the sediment. With the given current density at the anoxic oxic interface, each filament then supports an average current of ca 0.35 nA. Filaments at the marine sites support a current in the range 0.20 to 0.36 nA according to the data reported by Malkin et al. ([@B9]) and Meysman et al. ([@B10]). These similarities suggest that freshwater sediments represent niches that are favorable for cable bacteria and electrogenic processes as the marine environment and, as a consequence, suggest that the much lower sulfate concentrations in freshwater systems and the possible higher dissipative loss of energy due to a higher ohmic resistance of the porewater are not major limitations.

That low sulfate concentration is not a major limitation for freshwater cable bacteria might at first suggest that the electrogenic oxidation process does not rely on sulfide but is based on other electron donors such as short-chain fatty acids, Fe^2+^, or methane. Traditionally, iron reduction and methanogenesis, and not sulfate reduction, have been supposed to prevail in freshwater sediments due to low concentrations of sulfate (e.g., \<1 mM in Giber Å compared to \>28 mM in seawater at salinities of 35‰), implying an excess of reduced iron and carbon compared to sulfide. However, compilations of actual measurements have shown sulfate reduction to be a major pathway for anaerobic mineralization in many types of freshwater sediments ([@B14], [@B37]), and rates reported from both oligotrophic and eutrophic freshwater sediments ([@B37]) seem to be sufficient to support electrogenic oxidation of sulfide at rates higher than those that can be inferred from the current density measurements at Giber Å. The current density of 14.4 ± 2 mA m^−2^ estimated for the Giber Å site would correspond to an oxidation of 1.6 mmol of H~2~S m^−2^ day^−1^ if the anodic reaction was based solely on sulfide oxidation. Sulfate reduction rates in freshwater sediments with concentrations below 0.3 mM can reach 20 mmol m^−2^ day^−1^ ([@B14], [@B37]).

The high rates of sulfate reduction in freshwater sediments are associated with rapid reoxidation of sulfide, with turnover times in the range of hours for the sulfate pool. Typically, sulfide oxidation mediated by iron reduction has been suggested as an important route in the anoxic zone ([@B14]). In principle, an electrogenic oxidation process involving sulfide oxidation (i.e., e-SOx) could substitute this route through its inherent generation of sulfate ([@B6]), and e-SOx could thereby be a component in an iron-independent, carbon-fueled cryptic sulfur cycle, where sulfate is reduced to sulfide by sulfate-reducing bacteria and regenerated by colocalized cable bacteria. Such an interaction would allow the occurrence of highly active, sulfide-oxidizing cable bacterium communities in low sulfate environments. Sulfur mass balance studies ([@B6]) and further studies of the metabolic capability of freshwater cable bacteria are, however, required to test this hypothesis.

That the dissipative loss of energy due to ohmic resistance of the pore water is not a major restriction for freshwater cable bacteria and electrogenic processes is evident from the electric potentials measured in the sediments. The cable bacterial sediment can be considered a "biogeobattery" ([@B7]) where cable bacteria act as both electron conductor and catalyzer of the associated anodic and cathodic reactions, while the surrounding water-saturated sediment acts as a passive electrolytic conductor with a given electric resistance. The measured electric potential differences in the sediment are then direct measures of the energy dissipation per charge unit transported in the sediment porewater. For a given current density the electric potential scales as the inverse of the electrical conductivity ([@B7]), and therefore energy dissipation should be much higher in freshwater than in marine environments. However, while the highest recorded difference of 32 mV ([Fig. 2b](#F2){ref-type="fig"}) is indeed high compared to the ∼1 mV recorded in marine sediment with similar current densities ([@B6]), it only represents ca. 3.2% of the ∼1,000 mV available from the sulfide oxidation process ([@B38]), leaving a considerable surplus for microbial activity.

Conclusions. {#sec4-3}
------------

In the present study, we demonstrated the presence of cable bacteria and associated electrogenic processes in freshwater sediments. Our findings extend the known habitats of cable bacteria and suggest a widespread occurrence at oxic-anoxic interfaces of rivers, lakes, wetlands, aquifers and soils. Our findings also suggest a common evolutionary origin of the cable phenotype within Desulfobulbaceae with subsequent diversification into a freshwater and a marine lineage. It is possible that the freshwater lineage, like the marine lineage, is associated with the e-SOx reaction. Cable bacteria in freshwater sediments may then provide a mechanism for recycling scarce resources of sulfate, stimulating sulfate reduction. The exact nature of the interactions between cable bacteria and the cycling of sulfur in freshwater sediment warrants further investigations.
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Supplemental material for this article may be found at <http://dx.doi.org/10.1128/AEM.01064-15>.

We thank Lars B. Petersen and Preben G. Sørensen for the construction of oxygen, H~2~S, and pH microsensors and Jeanette Johansen and Karina Bomholt Henriksen for chemical analyses of water samples. We thank Trine Bech Søgaard for FISH analyses, Britta Poulsen for Ion Torrent sequencing, and Jie Song for operating the SEM.

We received funding from the European Research Council under the European Union\'s Seventh Framework Programme (FP/2007-2013)/ERC grant agreement 291650, the Danish National Research Foundation (DNRF104), and The Danish Council for Independent Research in the Natural Sciences.

[^1]: **Citation** Risgaard-Petersen N, Kristiansen M, Frederiksen RB, Dittmer AL, Bjerg JT, Trojan D, Schreiber L, Damgaard LR, Schramm A, Nielsen LP. 2015. Cable bacteria in freshwater sediments. Appl Environ Microbiol 81:6003--6011. doi:[10.1128/AEM.01064-15](http://dx.doi.org/10.1128/AEM.01064-15).
